The Wellcome Trust Sanger Institute is one of the world's largest genome centers, and a substantial amount of our sequencing is performed with 'next-generation' massively parallel sequencing technologies: in June 2008 the quantity of purityfiltered sequence data generated by our Genome Analyzer (Illumina) platforms reached 1 terabase, and our average weekly Illumina production output is currently 64 gigabases. Here we describe a set of improvements we have made to the standard Illumina protocols to make the library preparation more reliable in a high-throughput environment, to reduce bias, tighten insert size distribution and reliably obtain high yields of data.
Next-generation DNA sequencers, such as the 454-FLX (Roche), SOLiD (Applied Biosystems) and Genome Analyzer (Illumina) have transformed the landscape of genetics through their ability to produce hundreds of megabases of sequence information in a single run. This has enabled us to design genome-wide and ultra-deep sequencing projects that, because of their enormity, would not otherwise have been possible (for reviews see refs. 1, 2 and for an evaluation of the performance of these three platforms see ref. 3) .
At the Wellcome Trust Sanger Institute we currently have all three of these sequencing platforms, though the Genome Analyzer is the platform we have invested most heavily in: we have 28 machines on site, all capable of generating paired-end data. The Illumina data analysis pipeline performs 'purity filtering' of these data to eliminate sequence data from clusters that appear to be mixed as a consequence of their proximity on the flowcell. We typically generate 4-5 gigabases (Gb) of filtered sequence data, with an error rate of <0.9% per seven-day, 36-cycle paired-end run, making us one of the world's largest and most productive users of Illumina sequencers.
Sequencing library preparation involves the production of a random collection of adapter-modified DNA fragments, with a specific range of fragment sizes, which are ready to be sequenced. We have found the standard Illumina sequencing library preparation protocols ( Fig. 1) to be suboptimal in several respects, and we enhanced our output by developing and implementing many modifications and improvements to these protocols, all with the aim of obtaining the maximum number of high-quality sequence reads per run from the lowest mass of starting DNA, in a robust and reproducible way. The modifications and improvements we describe here can be adopted en masse as an alternative library preparation pipeline. However, because some steps are additional rather than alternative, we tend to select different modifications for different sequencing projects, depending on the specific requirements of that project (Supplementary Table 1 online). Here we have attempted to describe each modification in the order in which it would fit in to the standard library preparation pipeline.
Fragmentation
The first stage in a standard genomic DNA library preparation for the Genome Analyzer is DNA fragmentation by nebulization (in 30-60% glycerol at 30-35 p.s.i.). This generates fragments with a typical size range of 0-1200 base pairs (bp) and a peak around 5-600 bp. Nebulization is a fairly reproducible technique, is sequence-independent, and is rapid and inexpensive 4 . However, the wide size distribution of generated fragments is uneconomical: by mass, the 200 ± 20-bp fragments represent only ~10% of the total DNA after nebulization. Moreover, approximately half of the DNA vaporizes during nebulization, meaning that only 5% of the original DNA is used for subsequent library generation. Even under much more extreme nebulization conditions (for example, 90 p.s.i. for 18 min) it is not possible to 'move' the fragmentsize peak below around 400 bp, and doing so still does not improve the yield at 200 bp (ref. 4 and unpublished observations). Thus we have evaluated alternative methods of sample fragmentation. tocol: (i) bias in the base composition of sequences; (ii) high frequency of chimeric sequences, produced when two template strands are ligated during the adapter ligation step; and (iii) imperfect distribution of insert sizes. These have all been overcome by the use of several protocol modifications, described here.
Paired-end oligonucleotides. We no longer use the Illumina single-end adapters or PCR primers because paired-end oligos generate sequencing libraries that are compatible with both single and paired-end flowcells. The adapters themselves are modified to confer protection from digestion at the 3′ thymine (T) overhang. Though we do not have the details of the modification used by Illumina, we have obtained comparable results using our own adapters and PCR primers modified with a phosphorothioate between the two bases at the 3′ end (Supplementary Protocol 2 online).
Gel extraction. During the size selection step of the standard library prep protocol, a gel slice is selected and the DNA extracted. We identified that melting this gel slice by heating to 50 °C in chaotropic buffer decreased the representation of A+T-rich sequences, possibly reflecting a higher affinity of spin columns for double-stranded DNA, as strands with a high A+T content will be most likely to become denatured during this step and may not reanneal. To improve the representation of these A+T-rich sequences, we modified the gelextraction protocol, melting agarose gel slices in the supplied buffer at room temperature (18-22 °C). This reduces G+C bias considerably (Supplementary Protocol 3 online and Fig. 3a,b) . Double size selection. Partially complementary adapters, which essentially consist of the sequences to which the sequence primers hybridize during the sequencing reaction, are ligated onto the A-tailed fragments 7 via a T overhang (Fig. 1) . Their structure ensures that each template strand receives different sequences at the opposite ends 8 and works in much the same way as a vectorette 9 .
Inefficient end-repair or A-tailing reactions will result in a lower concentration of template to which adapters can be successfully ligated, and so the relative concentration of adapters is increased, which will promote the formation of adapter dimers. If these dimers are not removed, they will ultimately be sequenced along with the intended template, wasting the capacity of the flowcell. Additionally, inefficient A-tailing will result in a high proportion of blunt-ended template molecules, which can self-ligate, generating chimeric sequences.
It is likely that the efficiency of the A-tailing step will be improved by the use of alternative polymerases and higher concentrations of magnesium ions. Additionally, the efficiency of the ligation step appears to be improved by the use of ultrapure ligases, such as those from Enzymatics, which are virtually free of the contaminating exonuclease activity generally found in standard commercial Adaptive focused acoustics. We now routinely fragment DNA samples using adaptive focused acoustics technology in a 24-well format (AFA; Covaris). In this process, acoustic energy is controllably focused into the aqueous DNA sample by a dish-shaped transducer, resulting in cavitation events within the sample. The collapse of bubbles in the suspension creates multiple, intense, localized jets of water, which disrupt the DNA molecules in a reproducible and predictable way.
After disruption, 200-bp fragments comprise 17% of the total fractionated DNA by mass, but in contrast to nebulization, very little DNA is lost during the fragmentation process, generating a four-to fivefold higher yield of the intended fragment size range (Supplementary Protocol 1 online and Fig. 2) . Additionally, because of its high-throughput capability, AFA has enabled highly multiplexed sequencing using indexing tags, where each sample needs to be processed separately until after PCR amplification (Fig. 1) . Also, because the size distribution of DNA fragmented by AFA is narrow, for some applications, such as array enrichment of targeted loci 5, 6 , we are able to omit the gel electrophoresis-based size selection step altogether from the library preparation, decreasing the workload and increasing yields further.
A-tailing, ligation and size selection
After close scrutiny of paired-end reads obtained from the Genome Analyzer, that is, those in which each cluster was sequenced in both forward and reverse directions, we discovered a number of artifacts that could be attributed to the standard library preparation pro- Paired-end size selection. Using standard protocols, we found singleend library preparations, using single-or paired-end adapters, to be considerably more robust at the step of size selection by electrophoresis than their paired-end counterparts. With single-end preps, we excise a band of 50 bp or larger, which generally yields more than enough DNA to give a high yield of PCR products. However, for the paired-end protocol, to generate as narrow an insert size range as possible, a scalpel is inserted into the gel at the desired position, the blade is washed with Tris buffer, and this buffer acts as the template for the PCR amplification. We found this practice to yield enough DNA to give successful amplification only in approximately 30-40% of attempts. To overcome this, we now excise a 2-mm-wide gel slice containing DNA of the desired size and extract that following the Illumina protocol, though with no heating during the melting step, as discussed above (Supplementary Protocol 3) . In our hands this typically yields 10-20 times more DNA than the standard protocol, has an almost 100% success rate and generates an acceptably narrow size distribution of paired-end reads (Fig. 3f,g ).
Pcr
As well as increasing robustness, extracting more DNA from gel slices enables the DNA to be quantified more accurately before PCR amplification. The PCR step introduces into the adapter-ligated template molecules the oligonucleotide sequences required for hybridization to the flowcell surface.
preparations of ligases. Using this enzyme we have achieved a 20-30% increase in yield of successfully ligated fragments (as determined by quantitative PCR (qPCR); Supplementary Protocol 4 online), presumably because the reduced exonuclease activity regenerates fewer blunt-ended fragments after A-tailing. However, although the steps described above may reduce the formation of bluntended ligation concatamers, enzymatic reactions are rarely 100% efficient, and thus a small proportion of template strands will still be chimeric. In many applications, a low frequency of chimeric sequences will present no problem and can simply be removed informatically. In other applications, such as detection of infrequent de novo recombinant molecules, chimeric sequences will generate false positives, so their frequency needs to be reduced to minimize the amount of subsequent confirmatory work.
Chimeric templates will be longer than the singletons, which provides a way of preventing them from contaminating the DNA fraction: for applications in which a low frequency of chimeric templates is required, we perform an additional size selection after shearing but before ligation (Supplementary Protocol 5 online). This results in a narrow size range being available for ligation. Any blunt-ended concatemers are appreciably longer than the singletons, and we remove these in the postligation size-selection step. This additional size selection reduces the incidence of chimeras to 0.02%, compared to up to 5% with the standard library preparation protocol, and we have found this step to have the added benefit of reducing the shoulder of small insert sizes, giving a tighter insert-size distribution of the desired fraction (Fig. 3c-e) , which leads to clusters with more uniform diameter. PCR yield. By the use of alternative high-fidelity polymerases in a more optimized reaction, we have found it possible to increase the yield of the enrichment PCR five-to tenfold (Supplementary Protocol 7 online and Fig. 4a) , which allows fewer cycles of amplification to be performed.
PCR cleanup.
Surplus PCR primers may interfere with quantification and will compete with the amplicon for hybridization to the flowcell surface. Consequently, it is necessary to remove surplus oligos after amplification. We have found that solid-phase reversible immobilization (SPRI) technology 10 can be used to remove a higher proportion of primers and adapter dimers than spin columns, while producing a comparable yield of amplicon DNA, and allows elution in a wider variety of buffers (Supplementary Protocol 8 online and Fig. 4b ).
Sequencing without PCR.
We have found that it is unnecessary to retain the PCR step to enrich for properly ligated fragments, so long as only those fragments with an adapter at either end can be quantified, as only they will yield clusters that can be sequenced. This can be done by quantitative PCR, discussed below. Thus we can eliminate the PCR step entirely, simply by ligating on appropriate adapters after A-tailing (Supplementary Protocol 9 online). For this purpose we use high-performance liquid chromatography-purified, partially noncomplementary oligos with a phosphorothioate linkage between the two bases at the 3′ end of one strand. From a starting amount of 5 µg of DNA and fractionation by AFA, we can obtain sufficient paired-end DNA for > 400 lanes of high-density clusters, or 100 lanes if nebulization is used to fragment the DNA. The obvious benefits of this are that PCR duplicates are absent: the observed duplication Template quantity. By using optimized quantities of template in the PCR, we can ensure a clean library, free of adapter-dimer or singlestranded DNA. We routinely analyze our sequencing libraries after PCR by microfluidic capillary electrophoresis and have noticed that the quality of the library obtained decreases with increasing concentration of template DNA: too much template DNA often results in the accumulation of an apparently higher-molecular-weight peak (Fig. 3d) , which may represent a single-stranded template product that accumulates as primers become depleted. Conversely, the lower the mass of DNA used in the PCR, the fewer the number of template strands for the same fragment size, and the greater the incidence of PCR product duplicates in the resulting sequences: we have observed libraries from which as many as 60% of sequences were PCR product duplicates. Thus it is essential to choose the appropriate set of conditions for each PCR (Supplementary Protocol 6 online). (a) An ~200-bp fragment library was prepared, and 10 ng was amplified for 18 cycles using standard Illumina PCR conditions or optimized PCR conditions. (b) A comparison of methods of PCR amplicon purification. We prepared a paired-end library with phiX DNA using conditions that would promote the formation of adapter dimers and unextended PCR primers. After PCR, we divided the library into two: half was purified following the standard Illumina protocol, through a QiaQuick PCR cleanup column (left), whereas the other was purified using SPRI technology (right). Runs were grouped into 25-run bins, and a boxplot was generated. After some initial problems with degradation of standards, cluster number has leveled out at ~35,000-40,000 per tile.
library to 10 pM, based on the concentration as measured using an Agilent Bioanalyzer 2100. With this assay, we take the Agilentderived concentration values to be arbitrary, allowing us to dilute unknowns to a concentration that lies within the 1-100 pM range, but Agilent values also provide a useful double-check. We have found that cluster density can be predicted reliably in this way (Fig. 5b) .
We have found that the ability to quantify DNA in the picomolar concentration range also opens up the opportunity for sequencing much lower DNA concentrations than those permitted by the standard protocol, such as unamplified array eluates from a sequencecapture experiment 5, 6 .
Denaturation
Being single-stranded, array eluates require no particular steps to denature the DNA 12 before sequencing. However, for low concentrations (<1 nM) of double-stranded DNA it is more problematic: denaturation by heating has the potential both to damage the DNA and to introduce anti-(G+C) bias 13 .
Modified hybridization buffers.
For all denaturation we prefer the use of 0.1 M NaOH to heating, though for subnanomolar libraries this requires an alternative hybridization buffer to be used (Supplementary Protocol 12 online). We have found the addirate in mapped gorilla DNA sequences prepared without PCR was approximately 0.5%. This rate of duplication is caused by noise in the cluster detection and sequence analysis software.
Direct sequencing of short amplicons. To avoid unnecessary PCR amplification steps, which would potentially exacerbate biases, we can perform extremely deep sequencing of short amplicons using locusspecific primers that possess tails that can hybridize to the oligos tethered to the flowcell surface. The tailless forward and reverse oligos are then used as primers in the sequencing steps (Supplementary Protocol 10 online).
Quantification
At close to neutral pH, the concentration of DNA going onto the flowcell governs the number of clusters produced. Thus, for different fragment sizes undergoing a given number of cycles of cluster amplification, there is an optimal concentration range of DNA that will yield clusters in the optimal density range, enabling the maximum amount of data to be obtained. For fragments with a mean insert size of 500 bp or lower, we aim for 40,000-44,000 clusters per imaged area (tile) on the Genome Analyzer model 1, giving an average of 20,000-25,000 filtered clusters per tile, equating to 2.0-2.4 Gb per single end run (150-170,000 clusters per tile for the Genome Analyzer model 2; Fig. 5a ).
Overestimation of DNA concentration results in too few clusters, which may make the flowcell uneconomical to sequence. Underestimation results in too high a cluster density, which can greatly reduce the amount of data obtained, owing to cluster overlap. Quantification of DNA before sequencing is thus one of the key factors in the process.
Electrophoresis.
We found the accuracy of spectrophotometry to be inadequate for quantification: cluster density based on this method tended to be inconsistent, but typically five-to tenfold lower than anticipated, presumably because spectrophotometry analysis measures not only the intended amplicon but also adapter dimers and unextended primers, with no way of distinguishing between them, and also struggles to measure low DNA concentrations accurately. By quantifying libraries electrophoretically, with an Agilent Bioanalyzer, we have been able to achieve a much more consistent cluster density. Additionally, because electrophoresis can be used to distinguish between DNA species on the basis of size, it provides a way to check the quality of the library preparation. However, for a small proportion of libraries, we obtained far higher cluster densities, and consequently far less useful data, than anticipated. We assume that this is a result of single-stranded DNA generated in the PCR that cannot be easily quantified when mixed with double-stranded DNA.
Quantitative PCR. This led us to develop a qPCR quantification assay (for discussion see ref. 11) because such an approach should be capable of detecting and quantifying all amplifiable molecules. We designed amplification primers and a dual-labeled probe to target the Illumina paired-end adapter sequences (Supplementary Protocol 11 online). We quantify unknown libraries against standard libraries that have been sequenced previously, and for which we know the accurate cluster number, and how this relates to the Agilent concentration of that library. Because amplification in the qPCR with these primers is not perfectly efficient, we use 3 dilutions of standard libraries (100, 10 and 1 pM), and dilute the unknown software and a faster run time, both of which we are currently testing, a conservative prediction is that by the end of 2008, our output will reach 6-10 terabases of high-quality sequence per year, equivalent to 180 human genomes at 15-fold coverage, or approximately 200,000 bases per second.
The improved workflow and high yield should maintain the Genome Analyzer as our next-generation sequencing platform of choice for the immediate future. How long this remains true depends upon the performance of existing rival technologies: Roche's 454, ABI's SOLiD, Helicos' 'True Single Molecule Sequencing' and Dover Systems' Polonator, and those that are on the horizon, such as nanopore technologies, for example Oxford Nanopore Technologies, the Harvard Nanopore Group, and Pacific Biosciences' Single Molecule Real Time technology, which promise to bring us closer to the eagerly anticipated $1,000 genome.
tion of Tris to the standard Illumina Hybridization Buffer to be beneficial to the robustness of the initial hybridization of DNA to the flowcell for all libraries, because it can counteract pipetting errors during the denaturation stage that would otherwise raise the pH to a level that would prevent efficient hybridization (Fig. 6) . Additionally, diluting the supplied 2 M NaOH and adding a greater volume to the 20 µl denaturation reaction helps to reduce fluctuation in cluster number owing to pipetting errors (Supplementary  Protocol 12) .
Amplification quality control
After cluster amplification, DNA on the flowcell is double-stranded, which allows clusters to be stained by an intercalating dye and to be detected using a fluorescence microscope (Supplementary Protocol 13 online). This is a valuable quality control step, that we use for all flowcells before linearization and blocking to confirm that the cluster density is appropriate. We generally do not sequence data from flowcells that have too high or too low a cluster density beyond the amplification stage.
conclusion
The Genome Analyzer is a powerful sequencing technology, yet still relatively new, and consequently it has not yet reached its full sequencing potential. Here we have described modifications that allow for more efficient library preparation and enable a stable workflow in a production environment.
At the Sanger Institute, in addition to a sequencing research and development team we have several teams who are responsible for keeping the production instruments running. A library-making group processes samples, and generates, quality-controls and quantifies libraries. A production group, working in shifts, prepares and quality-controls flowcells by SybrGreen staining, prepares reagents for sequencing and manages washing, priming and loading the instruments seven days per week. Informatics teams are responsible for facilitating sample tracking, for handling the sequence data and for performing pipeline analyses. All steps in the process are recorded using custom-written lab-tracking and run-tracking database software. All Genome Analyzers are networked, and the generated image data are continually uploaded to a large compute and disk-storage cluster for image and base-calling analysis, alignment and assembly, and other informatics tasks. We keep images for about 1 month on a disk server, but we store the run quality control and other run details in a database and deposit short-read sequences for permanent storage in a large repository. A team of project managers coordinate and oversee individual sequencing projects.
We have recently upgraded all of our Genome Analyzers to the model 2. The wider flowcells used by upgraded machines offer a 40% greater imaging area, with the potential for increased read lengths (>70 bases) of a higher quality (below 1% error in a phiX control lane for 1-50 bases). Combined with improvements to the image analysis
